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Lipid and Fatty Acid Composition of Diatoms
Revisited: Rapid Wound-Activated Change of
Food Quality Parameters Influences
Herbivorous Copepod Reproductive Success
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Karen Wiltshire,[d] and Georg Pohnert*[a, b]

Introduction

Plankton comprises all suspended organisms at the base of
marine and freshwater food webs. Primary production by
planktonic algae accounts for roughly half of the global carbon
fixation, with diatoms being the most abundant algal group.[1]

Phytoplankton is mainly consumed by zooplankton species
such as calanoid copepods, which themselves are the food
source for higher trophic levels, such as fish. As a conse-
quence, interactions between phytoplankton and zooplankton
determine the trophic transfer and the energy flow in aquatic
environments. Numerous factors in phytoplankton can influ-
ence the success of zooplankton, these include the structural
properties of the algae,[2] chemical defence[3,4] and food quali-
ty.[5, 6] Besides stoichiometric factors, such as the carbon-to-ni-
trogen ratio or the phosphorous availability,[7, 8] certain primary
metabolites are involved in the regulation of trophic transfer.[9]

In this context, the fundamental impact of phytoplankton
lipids and free fatty acids on predator success has been docu-
mented in many fresh water and marine studies.[5,10–12] Pre-
dominantly polyunsaturated fatty acids but also steroids[13]

have been identified as key factors that influence the growth,
survival and reproduction of predators. Copepods are retaining
polyunsaturated fatty acids such as eicosapentaenoic acid
(C20:5 w-3, EPA 1) and docosahexaenoic acid (C22:6 w-3, DHA)
at all stages during development.[14] Thus, the amount of EPA
can determine the transfer efficiencies between primary pro-

ducers and consumers.[10,11,15,16] This is supported by the corre-
lations that were found between the amount of EPA and other
w-3-polyunsaturated fatty acids in the nutrition and growth of
juvenile Daphnia galeata,[17] or in the egg production and via-
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Lipid and fatty acid composition are considered to be key param-
eters that determine the nutritive quality of phytoplankton diets
for zooplanktonic herbivores. The fitness, reproduction and physi-
ology of the grazers are influenced by these factors. The trophic
transfer of lipids and fatty acids from algal cells has been typical-
ly studied by using simple extraction and quantification ap-
proaches, which, as we argue here, do not reflect the actual sit-
uation in the plankton. We show that cell disruption, as it occurs
during a predator’s grazing on diatoms can drastically change
the lipid and fatty acid content of the food. In some algae, a
rapid depletion of polyunsaturated fatty acids (PUFAs) is observed
within the first minutes after cell disruption. This fatty acid deple-

tion is directly linked to the production of PUFA-derived polyunsa-
turated aldehydes (PUA); these are molecules that are thought to
be involved in the chemical defence of the algae. PUA-releasing
diatoms are even capable of transforming lipids from other sour-
ces if these are available in the vicinity of the wounded cells. Flu-
orescent staining reveals that the enzymes involved in lipid trans-
formation are active in the foregut of copepods, and therefore
link the depletion processes directly to food uptake. Incubation
experiments with the calanoid copepod Temora longicornis
showed that PUFA depletion in PUA-producing diatoms is corre-
lated to reduced hatching success, and can be compensated for
by externally added single fatty acids.
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bility of herbivorous cope-
pods.[6,18] In all these investiga-
tions, the fatty acid content of
the food algae was monitored
by the direct determination of
total fatty acids after hydrolysis
of the algal lipids. While this
method allows the determina-
tion of the actual fatty acid con-
tent of the food during the
normal growth of a phytoplank-
ton culture or in the field, it
might not reflect the definite nu-
tritional value of diets. Rather,
processes that occur after cell
disruption and during gut trans-
fer would also have to be con-
sidered if the actual situation
during the food uptake is con-
cerned.[3,19] In the last years it
has been documented that cer-
tain diatoms react rapidly with
the release of the polyunsaturated aldehydes 4–8 (PUA) upon
mechanical wounding (Scheme 1).[20,21] This mechanism is dis-
cussed in the context of a defence mechanism which is activat-
ed during predator feeding and induces for example, de-
creased zooplankton egg-hatching success and offspring sur-
vival.[22–24] The polyunsaturated aldehydes 4–8 are biosyntheti-
cally derived from free polyunsaturated fatty acids[20,25] that are
released from phospho- and galactolipids after cell disruption
(Scheme 1).[26,27] The fatty acids are transformed by lipoxyge-
nases, hydroperoxide lyases and halolyases into aldehydes
upon cell disruption.[22,25] Owing to the fatty acid degradation
during cell breakage, it is possible that the diatom diet lacks
essential fatty acids, and the copepods can no longer benefit
from these PUFAs. Despite the onset of enzymatic transforma-
tions after the wounding of unicellular algae the impact of
these processes on food quality parameters has not been con-
sidered until now. We show here that the effective content of
polyunsaturated fatty acids might be dramatically overestimat-
ed if only total fatty acids are monitored in intact phytoplank-
ton.

Results and Discussion

Rapid fatty acid depletion upon cell disruption

If an isolate of the diatom Thalassiosira rotula that is capable
of producing the polyunsaturated aldehydes 4, 5, 7 and 8 is
wounded, the amount of EPA, is rapidly depleted. Within a few
minutes only ca. 30% of the initial EPA-content can be detect-
ed (Figure 1A). This fatty acid is the precursor of (2E,4E/Z)-
hepta-2,4-dienal 4, (2E,4E/Z,7Z)-deca-2,4,7-trienal 5 and (5Z,8E/
Z,10E)-12-oxododeca-5,8,10-trienoic acid 6.[22,25] Similar deple-
tion kinetics were observed for other polyunsaturated fatty
acids, such as C16:3 and C16:4, which are the precursors for
(2E,4E/Z)-octa-2,4-dienal 7 and (2E,4E/Z,7Z)-octa-2,4,7-trienal

8.[28,29] In contrast, saturated fatty acids, which are not involved
in these lipoxygenase-mediated pathways, remained unaffect-
ed (Figure 1A, Table 1). To verify if this fatty acid depletion is
functionally linked to the production of unsaturated aldehydes,
we conducted experiments to compare the fatty acid deple-
tion of wounded Thalassiosira pseudonana, a diatom that is

Scheme 1. Release and transformation of polyunsaturated fatty acids by wounded diatoms. Metabolites 4, 5, 7
and 8 can be detected in wounded T. rotula, 6 and 9 are released from S. turris, 7 and 8 are the major volatiles
from S. costatum.

Figure 1. Time course of the depletion of different fatty acids in the polyun-
saturated aldehyde producing T. rotula (top) and the non-producing T. pseu-
donana (below). &: EPA; *: sum of C16:3 w-4 and C16:4 w-1; ~: C14:0; H :
C22:6. Error bars indicate SD.

&2& www.chembiochem.org > 2007 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim ChemBioChem 0000, 00, 1 – 9

�� These are not the final page numbers!

G. Pohnert et al.

www.chembiochem.org


known to lack this lipoxygenase
pathway. Indeed, in this alga no
significant changes in the level
of PUFA were observed after
wounding (Figure 1B, Table 1). In
a broader survey, other PUA-re-
leasing diatoms, such as Stepha-
nopyxis turris and Skeletonema
costatum showed wound-activat-
ed PUFA depletion as well. In
contrast, Thalassiosira weisflogii
and Rhizosolenia setigera, which
do not produce any PUA[21] ex-
hibited no PUFA-depletion even
after prolonged incubation sub-
sequent to wounding (Table 1,
Figure 2).

The high amount of fatty acid
consumption cannot be entirely
attributed to transformations to
polyunsaturated aldehydes: only about 50% of the
depletion of EPA in T. rotula can be explained by the
production of the EPA-derived polyunsaturated alde-
hydes (2E,4E/Z)-hepta-2,4-dienal 4 and (2E,4E/Z,7Z)-
deca-2,4,7-trienal 5 (Figure 3). But kinetic experiments
showed that the rates of fatty acid depletion and for-
mation of the polyunsaturated aldehydes were very
similar (Figure 3). Thus, it is likely that other mecha-
nistically related lipoxygenase-mediated transforma-
tions to, for example, hydroxy- or oxoacids also con-
sumed this fatty acid.[30, 31] This is supported by the
observation, that polyunsaturated C18 and C22 fatty
acids, which are potential lipoxygenase substrates
but have not been linked to the formation of
PUA,[26,28] were also depleted (Table 1). In the case of
DHA 31–69% of the initial fatty acid is transformed
by PUA producers (Table 1). In our survey, the rapid
PUFA depletion is generally only found in diatoms
that have the biosynthetic machinery required for
the production of PUA. But certain specificity is ob-
served if the fatty acid depletion of the PUA-produc-
ing T. rotula and S. costatum is compared with that of
S. turris, which produces the oxo-acid 6. While the former two
species transform PUFAs with chain lengths of C16–C22 car-
bons, only C20 and C22 fatty acids are accepted as substrates
for S. turris enzymes.

The fatty acid depletion by diatoms with active lipoxygen-
ase(s) is highly efficient; in our experiments up to 69% of the
unsaturated fatty acids were transformed within a few minutes
after cell disruption. Previous investigations of the lipid con-
tent and composition of T. rotula and S. costatum indicated
that the majority of the polyunsaturated fatty acids is stored in
polar lipids, such as phospho- and galactolipids, while a small-
er amount can be detected in the unpolar lipid fractions.[32, 33]

Our results suggest that the involved fatty acids, which are
bound to polar lipids might be nearly entirely used for further
downstream reactions. Those polyunsaturated fatty acids that

Table 1. Depletion (mean in %, n=3) of the most common fatty acids in five diatom species upon cell disrup-
tion after 30 min.

Producer of PUA and acidic aldehydes “Nonproducer”

Species T. rotula S. costatum S. turris T. weisflogii T. pseudonana
Saturated fatty acids
14:0 0 0 �3 �4 0
16:0 0 �6 0 �3 �13
18:0 0 0 0 �1 �2
Monoenoic fatty acids
16:1 (w-7; w-5) �45 �48 0 �5 0
18:1 (w-9; w-7) 0 �18 �12 �9 0
Polyunsaturated fatty acids
16:2 (w-4; w-7) �30 �27 0 �6 �11
16:3 w-4 �80 �40 �1 0 �10
16:4 w-1 �74 �50 0 n.d.[b] �11
18:x[a] �70 �68 �16 �3 �11
20:5 w-3 �82 �68 �77 �3 �12
22:6 w-3 �69 �31 �54 �7 �14

[a] 18:x represents the sum of 18:2, 18: 3 and 18:4 fatty acids. [b] n.d.=not detected.

Figure 2. Depletion of eicosapentaenoic acid (EPA) after wounding of diatom cells. Grey
bars : intact cells with enzymatic activity inhibited by acidifying before workup, white
bars : 15 min after cell disruption. Error bars indicate SD.

Figure 3. EPA depletion (&) and formation of EPA-derived decatrienal and
heptadienal (*) after wounding of T. rotula
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are stored in triacylglycerides, for example, are not released
and transformed,[26] and could account for the remaining
PUFAs after wounding.

Use of lipids and fatty acids by algae of different species

Usually a multitude of different unicellular algal species and
strains coexist at any given time in plankton. Since the feeding
activity of the predators is not entirely selective towards specif-
ic algae, more or less random mixtures of different phytoplank-
ton species will be ingested. All consumed species will contrib-
ute as a mixture to the food quality, but will also be disrupted
simultaneously in the feeding organs of the predators. During
this process, enzymes from different phytoplankton species
might come into contact with lipids from other sources. Be-
cause the observed in vitro fatty acid depletion occurs fast and
with remarkable efficiency, we wanted to verify if lipids from
sources other than those of the producers of polyunsaturated
aldehydes are also transformed. For verification, T. pseudonana,
which does not produce PUA was homogeneously labelled
with 13C. This alga was then mixed with T. rotula in a ratio of
10:1 and the mixture was subsequently damaged by sonica-
tion. Volatile polyunsaturated aldehydes were derivatised, ex-
tracted and submitted to GC-MS investigation. Evaluation of
the mass spectra revealed that the resulting polyunsaturated
aldehydes were significantly labelled (Figure 4), which proves
that lipids from the lipoxygenase-containing algae as well as
those from the other diatom species were readily transformed.
When damaged T. rotula cells were administered to intact la-
belled T. pseudonana, only unlabelled PUAs were detected

(data not shown); this indicates that only internal lipids of
T. pseudonana are substrates for the T. rotula enzymes.

Since PUFAs are essential components of the food for cope-
pods,[6,18] this result sheds new light on the impact of mixed
species in the diets. Even a relatively small proportion of dia-
toms that are capable of producing polyunsaturated aldehydes
might actively deplete the entire species-rich food of essential
fatty acids. Moreover, because the total polyunsaturated alde-
hyde production can be increased by supplementation with
external algal-derived lipids, the amount of these toxins that
are released during the feeding process in the plankton has
been underestimated because in most investigations only
single species were considered in the chemical analyses.[34] In-
terestingly, natural diatom assemblages with only one identi-
fied PUA-producing species (T. rotula) release a significantly
higher amount of PUA per diatom cell in phytoplankton than
the isolated species in culture (Wichard et al. unpublished re-
sults and ref. [34]). This unusually high PUA production, which
was suspected to be due to different growth conditions in
nature and culture, might also be a result of the use of lipids
from other algal sources in the natural phytoplankton samples;
this could have artificially increased PUA levels.

Lipase activity under physiological conditions

The processes observed here depend on a close interaction
between the predator and prey. The enzymatic transformations
occur in the seawater,[34] and thus most likely around the feed-
ing organs of the predators and maybe even in the herbivore
gut. To test if the mechanisms that were observed in the in

vitro investigations can also play
a role during the regular food
uptake of herbivorous copepods,
we treated the PUA-producing
S. turris with the fluorogenic
label 1,2-bis-(4,4-difluoro-5,7-di-
methyl-4-bora-3a,4a-diaza-s-in-
dacene-3-undecanoyl)-sn-glyc-
ero-3-phosphocholine. Only
upon hydrolytic activity of phos-
pholipase(s) are fluorescent fatty
acids released from the lipid,
which allows us to monitor the
enzyme activity.[26] If this fluoro-
phore is incubated with intact
diatoms, no enhanced phospho-
lipase activity can be observed
(Figure 5A), while wounded
cells[26] or cells that had been
treated with commercially avail-
able phospholipase A2 exhibit
strong fluorescence, when excit-
ed with 488 nm (Figure 5B). If
the cells that bear the fluoro-
phore are fed to the copepod
Calanus helgolandicus, pro-
nounced phospholipase activity

Figure 4. Mass spectrum of the PFBO derivative of octadienal from wounded T. rotula A) and a mixture of wound-
ed T. rotula and 13C-enriched T. pseudonana B) The cluster of ions between 320 and 327 can be attributed to la-
ACHTUNGTRENNUNGbelled octadienal.
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in the foregut can be observed (Figure 5C). A control group of
copepods that were treated with the label alone did not show
any increased fluorescence in the gut (Figure 5D). This is in ac-
cordance with the finding that even if the copepod gut con-
tains numerous digestive enzymes, a pronounced phospholi-
pase activity was not identified as yet.[35] In accordance with
the nearly neutral pH in the copepod gut,[36] the enzymes that
were released from the damaged algae are still active in the
foregut; they transform lipids and presumably deplete the
polyunsaturated fatty acids of the entire food.

Fatty acid supplementation

When algal cells were supplemented externally with EPA, hep-
tadienal and decatrienal production upon wounding increased
significantly. This was also the case for decadienal production
after the external addition of arachidonic acid (C20:4 w-6, ARA)
(Figure 6A).[26] As already indicated by the mixed diet experi-
ments described above, the potential PUA-production of the
cells is thus limited by the availability of the substrate fatty
acids. Despite this increased PUA production, fatty acid sup-
ACHTUNGTRENNUNGplementation could be adjusted so that an EPA content that
exceeded that of intact cells was reached (Figure 6B). This
ACHTUNGTRENNUNGallowed us to evaluate the combined effect of reduced food
quality due to PUFA depletion, and increased potential toxicity
due to increased PUA formation. Feeding the enriched algae
to copepods resulted in increased tissue levels of EPA or ARA
(Figure 6C, Table 2). These supplemented fatty acids were ap-
parently incorporated, and further evaluation of the effects of
manipulated fatty acid levels on reproductive parameters was
thus possible.

Effect of dynamic metabolic transformations on the
ACHTUNGTRENNUNGhatching success of Temora longicornis

To test the effect of EPA depletion on the hatching success of
eggs produced by the copepod Temora longicornis, incubation
experiments with EPA-enriched and nonenriched diatoms were
performed. In these bioassays the PUA-producing species
T. rotula (78�30 ng EPA (mg C)�1) and the non-producer
T. weissflogii (350�184 ng EPA (mg C)�1) were compared. The
hatching success of T. longicornis benefited from EPA supple-
mentation of the T. rotula diet compared to animals that were
reared on untreated T. rotula (Figure 7). A comparable increase
in hatching success was not observed if T. weissflogii was sup-

Figure 5. Detection of phospholipase activity in the gut of Calanus helgolan-
dicus by using confocal microscopy. A) The diatom S. turris was incubated
with bis-BODIPY PL and was subsequently treated with commercial available
PL A2 (B). C) Picture of the region of the foregut (arrow) of a C. helgolandicus
copepod that was fed with bis-BODIPY PL-incubated S. turris. One optical
slice is shown. D) Gut of a copepod which was kept in a bis-BODIPY PL-en-
riched medium as a control. To show the residual total fluorescence, the
ACHTUNGTRENNUNGpicture was processed by a stack of optical slices. Excitation wavelength
(argon-ion laser) 488 nm, scale bar: 100 mm (for details see the Experimental
Section).

Table 2. Fatty acid content[a] of T. longicornis that were reared on unialgal
and enriched diets. The error values represent the standard error (n=3).

Treatment 18:3 w-3 20:4 w-6
(ARA)

20:5 w-3
(EPA)

22:6 w-3-
ACHTUNGTRENNUNG(DHA)

T. rotula control 0.48�0.18 0.12�0.04 4.0�1.6 2.8�1.1
T. rotula + ARA 0.15�0.07 8.0�3.4 1.9�0.8 2.6�1.2
T. rotula + EPA 0.13�0.01 0.0 9.5�0.9 2.3�0.4
Rhodomonas
sp.

1.14�0.16 0.04�0.03 3.3�0.6 5.7�1.1

[a] ng fatty acid per copepod.

Figure 6. A) Changes in the amount of polyunsaturated aldehydes after
treat ACHTUNGTRENNUNGment with arachidonic acid (grey bars) and eicosapentaenoic acid
(hatched bars). The white bars show the production of PUA by a wounded
T. rotula control. B) EPA content of intact (light grey bar), wounded (white
bar), EPA-enriched (dark grey bar) and EPA-enriched wounded (hatched)
T. rotula. C) Fatty acid content of copepod females reared on T. rotula (con-
trol : unenriched) ; on T. rotula supplied with arachidonic acid (ARA) and on
T. rotula supplied with eicosapentaenoic acid (EPA). Grey bars represent the
arachidonic acid level, black bars represent the EPA level.
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plemented with additional EPA and fed to the copepods
(Figure 7). These results show that the negative effects of EPA
depletion in T. rotula could be at least partly compensated for
by enriching algal cells in this single fatty acid. This was true
despite the concomitant increased production of PUA, which is
considered to be the primary factor for the inhibition of hatch-
ing success.[23] It is noteworthy that even in the untreated case,
the hatching success with T. weissflogii as food was lower and
more variable than with T. rotula. Thus, an overlaying algal spe-
cies effect, which is even larger than the supplementation
effect can be postulated. This is in agreement with the strong
species dependence of hatching rates that has been observed
in other laboratory experiments.[37] Since mature females
expend all of their energy sources on egg production[38] it can
be assumed that the decreased amounts of valuable unsaturat-
ed fatty acids due to the wound-activated transformations will
be passed on to the eggs. Because EPA enrichment of the diet
is immediately correlated to the increased EPA levels in the fe-
males, it could be concluded that a higher EPA transfer to the
eggs might result in reproductive cells of higher quality. In
contrast, the hatching success of T. weissflogii remained unaf-
fected by EPA enrichment; this further supports the concept of
nutritional deficiency caused by wound-activated fatty acid
degradation in T. rotula, but not in the lipoxygenase-inactive
T. weissflogii.

Conclusions

In the light of our findings, the PUFA content of diatoms and
their related quality as food for herbivores has to be reconsid-
ered. Dynamic processes that occur during food uptake and
even in the copepod gut might alter the available levels of
PUFA significantly due to lipid and fatty-acid-transforming en-
zymes. The determinant of this process is apparently a strong
lipoxygenase-dependant production of oxylipins, which are
found in several diatoms.[21,30,39] Our finding that the fatty acid
levels in food cells do not necessarily correspond to the effec-
tive fatty acids encountered in natural diets also questions the

general use of PUFAs as bio-
markers in surveys of trophic
transfer. In the biomarker ap-
proach, fatty acid profiles in the
consumer and the feeding envi-
ronment are compared to find
potential similarities ; this sug-
gests a trophic connection. If
certain fatty acids are destroyed
during the feeding process, the
likelihood increases that no re-
ACHTUNGTRENNUNGlation will be found. In these
cases, such surveys would not
only have to include the fatty
acid profile from algal cultures
or field samples, but should also
consider the effective PUFA
levels in the food.

Our work also has strong im-
plications for the ongoing discussion about the defensive
value of PUA.[40] The aldehydes are considered to be the major
line of defence by acting on fast proliferating reproductive
cells in copepods. The copepod T. longicornis, however,
showed a higher hatching success after supplementation of
the food with EPA, even if the levels of the PUA decatrienal
and heptadienal were simultaneously significantly increased;
this contradicts the theory. Apparently, in this particular preda-
tor–prey system, reproductive success is influenced more
strongly by the availability of EPA then by the toxic effects of
the reactive polyunsaturated aldehydes.[23,24,41] In this case, the
produced aldehydes might instead be a by-product of the
fatty acid depletion and not the direct causal factor of repro-
ductive failure. This corresponds with the theory proposed by
JNnasdNttir et al. ,[42] who explain the deleterious effect of dia-
toms on copepod reproductive success by a nutritionally defi-
cient diet. As in all laboratory studies, our investigation can
only be seen as a case study that provides correlative evi-
dence, and does not allow a general conclusion about diatom–
copepod interactions. Indeed several observations of reproduc-
tive failure in laboratory and field experiments cannot be cor-
related with lipoxygenase activity in the herbivore diets[22,43]

(Wichard et al. unpublished results) and, thus, additional fac-
tors besides PUA toxicity and PUFA depletion are expected to
be determinant in the complex predator–prey interactions in
the plankton. The new aspect introduced here, which demon-
strates the link between nutritious and deleterious effects of
food should be considered in future comprehensive studies.

Experimental Section

Algal cultures and isotope enrichment : Diatoms were grown as
batch cultures in artificial medium under a 14:10 h light/dark
regime with 30–40 mEm�2 s�1 light intensity. For further details
about culture conditions see reference [[21]] T. rotula (CCMP 1647),
T. pseudonana (CCMP 1335) and T. weisflogii (CCMP 1336) originated
from the Provasoli–Guillard National Center for Culture of Marine
Phytoplankton in West Boothbay Harbor (Maine, USA). S. costatum

Figure 7. Left : Hatching success of eggs from T. longicornis fed with T. weissflogii (^) or T. weissflogii enriched with
eicosapentaenoic acid (~). Right: Hatching success of eggs from T. longicornis fed with T. rotula (^) or T. rotula en-
riched with eicosapentaenoic acid (~). The relative hatching success is calculated in relation to the hatching suc-
cess in the control treatment where T. longicornis was fed Rhodomonas sp. as [% hatching success treatment]/[%
hatching success Rhodomonas sp.] . The error bars represent maximum and minimum values.
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(RCC 75) was obtained from the Roscoff algae collection (Roscoff,
France), and S. turris was provided by the culture collection of
algae and protozoa in Oban, Scotland.

To obtain uniformly 13C-labelled T. pseudonana, we replaced the
NaHCO3 in the medium by 0.2 gL�1 NaH13CO3.

[14] Cultures were
grown for 15 days until the fatty acids were enriched with 13C (as
verified by GC/MS of the total fatty acids). The cell morphology of
each culture was checked with light microscopy prior to harvest.
Cells were counted with the Neubauer improved chamber (Marien-
feld, Germany).

Copepods : The calanoid copepod T. longicornis (MOller, 1792,
North Sea) was used in the incubation experiments. Copepods
were selected from field samples that were obtained from the Hel-
goland Reede, North Sea, Germany and were kept in culture for at
least five generations. Cultures were kept in natural 0.45 mm-fil-
tered sea water at 15 8C on a 16:8 h light–dark cycle. A daily diet
of excess (>500 mgCL�1) Rhodomonas sp. and Oxyrrhis marina was
provided. Cohorts of the same age were used in the experiments.

The calanoid copepod C. helgolandicus was used for monitoring
the phospholipase A2 activity in the gut. Copepods were sampled
offshore Roscoff, North Brittany, Western English Channel,
France.[44]

Total fatty acid analyses : Lipids and free fatty acids were transfer-
red to the corresponding fatty acid methyl esters by treatment
with acetyl chloride/methanol, followed by direct extraction into
hexane according to Lepage and Roy.[45]

When the cultures reached the stationary growth phase, 2 mL of
three independent cultured replicates were sampled. Each aliquot
was centrifuged (15 min, 4000g, at 4 8C) and the supernatant was
discarded. After the addition of [2H27]myristic acid as an internal
standard (2 mL of a 10 mgmL�1 solution in methanol) the sample
was treated with the methylation mixture (0.5 mL methanol/acetyl
chloride, 20:1, v/v) and hexane (0.3 mL). The mixture was heated
for 10 min at 100 8C in pressure-resistant glass vials. After cooling
in an ice bath, distilled water (0.5 mL) was added and the sample
was vortexed for 1 min. For fast phase separation, the sample was
centrifuged. The removed hexane layer was dried over sodium sul-
fate and directly analysed on a Finnigan Trace GC-MS (Thermo Fin-
nigan, CA, USA, electron impact energy of 70 eV) equipped with a
EC-5 capillary column (15 mH0.25 mm internal diameter, 0.25 mm
film thickness, Alltech, USA). The temperature program was 60 8C
(1 min), 30 8Cmin�1 to 120 8C, 5 8Cmin�1 to 250 8C, and 20 8Cmin�1

to 300 8C (2 min). The fatty acid methyl esters were identified by
synthetic[29] or commercially available standards or by mass spec-
troscopy (hexadecatrienoic acid).

For depletion experiments, the pellet that was obtained as de-
scribed above was resuspended in seawater (giving a total of
50 mL). [2H27]myristic acid (2 mL of 10 mgmL�1 in methanol) as an
internal standard was added and the mixture treated with ultra-
sound for 15 s (Bandelin Sonicator, Germany). After cell disruption,
the mixture was incubated at room temperature for the defined
time spans of the depletion experiments. Then the methylation
mixture (methanol/acetyl chloride, 20:1, v/v) and hexane (0.3 mL)
were added and the samples were treated as described above.

The ions that were used for quantification were monitored in total-
ion mode according to Dodds et al.[46] Due to differences in the re-
sponse factors, separate calibrations were performed in triplicates
with myristic acid (C14:0, y =0.0991, R2=0.9998), hexadecatetrae-
noic acid (C16:4 w-1, y=0.0139, R2=0.9957), oleic acid (C18:1 w-9,
y =0.0707, R2=0.9994), linoleic acid (C18:2 w-6, y =0.0399, R2=

0.9990), g-linolenic acid (C18:3 w-6, y =0.0290, R2=0.9971), EPA
(y =0.0332, R2=0.9977), ARA (y=0.0309, R2=0.9966) and DHA (y =
0.0279, R2=0.9937). No calibration for C16:3 was performed due to
a lack of a synthetic standard. In this case the response factor of
hexadecatrienoic acid was assumed to be similar to that of g-lino-
lenic acid.

Fatty acid analysis during bioassays : The fatty acids of algal and
copepod (T. longicornis) samples that were obtained during the
bioassays were extracted and analyzed according to the following
procedure. A defined volume of algal culture (50–500 mL) was con-
centrated onto precombusted GF/C filters and transferred to a
5 mL test tube. Silicate and dichloromethane/methanol (4 mL
CH2Cl2/MeOH, 2:1, v/v, GC-grade, Merck) were added, as well as
10 mL of an internal standard (C13:0 and C23:0 fatty acids, each
c=0.25 mg mL�1 MeOH). Algal samples were sonicated for 90 min
and copepod samples were ground together with silicate with a
metal pestle. Afterwards the samples were treated with 0.88% po-
tassium chloride solution (2 mL) and the dichloromethane phase
was separated. The organic phase was dried under a nitrogen
stream and methanol/sulfuric acid (3 mL, MeOH/H2SO4, 97:3, v/v,
Merck) were added before incubation for one hour at 70 8C. After
extracting twice with hexane (2 mL), the solvent was removed
under a nitrogen stream, and the sample was taken up in hexane
(50 mL) before analysing as described above.

Determination of polyunsaturated aldehydes : Polyunsaturated
aldehydes were determined by using GC/MS after derivatisation
with O-(2,3,4,5,6-pentafluorobenzyl) hydroxylamine according to a
previously described procedure.[34]

Monitoring of phospholipase activity in the Copepod gut : The
fluorogenic substrate 1,2-bis-(4,4-difluoro-5,7-dimethyl-4-bora-
3a,4a-diaza-s-indacene-3-undecanoyl)-sn-glycero-3-phosphocholine
(2 mL from a 1 mgmL�1 stock solution in ethanol, Molecular Probes,
Leiden, The Netherlands) was added to 1 mL of a concentrated cul-
ture of 106 cells ml�1 S. turris in the stationary growth phase. After
5 min incubation at room temperature, the impregnated cells were
added to filtered seawater (150 mL) and fed to freshly isolated fe-
males[44] of the copepod C. helgolandicus. After overnight feeding,
the copepods were fixed in 4% paraformaldehyde, and the phos-
pholipase activity was immediately monitored in the copepod gut
by using an inverse confocal laser-scanning microscope (IX 70 Fluo-
view, Olympus Optical Co. , Tokyo, Japan). The fluorogenic sub-
strate was excited with an argon–krypton continuous laser at
488 nm (Omnichrome, Melles Griot Laser Group, Carlsbad, CA,
USA) with >535 nm emission. Analysis of the images was per-
formed by using the Fluoview 2.0 software.

As a control, the females were starved for the same time length in
filtered seawater that contained the fluorogenic substrate (2 mL)
alone and were monitored in the same manner. To ensure the
ACHTUNGTRENNUNGimpregnation efficiency of the diatoms with the fluorogenic sub-
strate, commercially available phosholipase A2 (ca. 100 units per
mL) from honey bee venom (Sigma, Deisenhofen, Germany) was
added to seawater containing S. turris cells, and activity was imme-
diately monitored by confocal microscopy.

Enrichment with single fatty acids : Algal cells were enriched with
EPA or ARA in an overnight incubation according to a protocol
modified from ref. [47]. Algal culture (300 mL) was incubated with
BSA (25 mL of a 4 mgmL�1 solution of bovine serum albumin in
water) and the fatty acid in question (2 mL of a 2.5 mgmL�1 FA so-
lution in ethanol) or in ethanol (2 mL) for the nonenriched treat-
ment (control). The algal culture was incubated on a rotary shaker
(KS501 digital, IKA, Germany) at 100 rpm for 13 h (overnight). The
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algal culture was then concentrated through centrifugation and
the supernatant was discarded. The pellet was washed twice with
filtered seawater (50 mL) and then used to create the food suspen-
sion for the incubation experiments.

Bioassays : Methods for the incubation of copepods as well as
measurements of hatching success were taken from the Zooplank-
ton Methodology Manual.[48]

T. longicornis species were incubated on a plankton wheel
(0.5 rpm) with 10–15 females and 1–2 males per 500 mL bottle, at
a carbon concentration of 500 mgL�1. Two incubation experiments
were performed, one with T. weissflogii and one with T. rotula. For
both diatom species, copepods were incubated with unenriched
algae and with algae that had been enriched in EPA. Rhodomonas
sp. at 500 mgCL�1 was used in a control treatment. Eggs were
counted every 24 h under a dissecting microscope and were fixed
with EtOH (2 mL) after 48 h. Hatching success is given as the per-
centage of nauplii after 48 h. The incubation experiments lasted 12
days and three-day averages were formed for evaluation.
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Lipid and Fatty Acid Composition of
Diatoms Revisited: Rapid Wound-
Activated Change of Food Quality
Parameters Influences Herbivorous
Copepod Reproductive Success

You are what you eat? The quality of
food from marine zooplankton cannot
necessarily be deduced from the bio-
chemical parameters of the algae that
they graze on. Dynamic processes, such
as a rapid transformation of essential
polyunsaturated fatty acids can occur
even in the gut of the animals (picture)
thereby reducing the quality of the
food.
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